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Biodegradation of Polyaromatics Synthesized by
Peroxidase-Catalyzed Free-Radical Polymerization

Richard Farrell,1 Madhu Ayyagari,2,3 Joseph Akkara,2 and David Kaplan3

Polymers formed from peroxidase-based free-radical polymerization reactions were characterized
for rates of mineralization against lignin and humic acid controls. Degradation studies were carried
out in soil systems over 202 days and cumulative net CO2 was determined. Whereas mineralization
of the humic acid and alkali lignin controls totaled ca. 20% at the end of the test exposure,
there was essentially no net mineralization of the hydrolytic lignin control. Mineralization of the
test samples totaled 5% for poly(p-ethylphenol) and 11% for poly(m-cresol). At the same time,
mineralization of the poly(p-phenyl phenol) totaled 64%. Conversely, the readily biodegradable
polymers cellulose and PHB reached values of 91 to 97% in less than 60 days. Our data suggest
that the mineralization kinetics of the enzymatically derived polyaromatics mimic those of the
naturally occurring heteropolymers.
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INTRODUCTION

A variety of polyaromatic compounds is present
in the biosphere. These compounds include heteropoly-
mers and heterooligomers such as lignins, tannins, lig-
nans, and humic acid, among others. Lignins and humic
acids contain a high content of aromatic residues linked
by aliphatic bridges in complex configurations. Lignins
are derived from enzyme-based free-radical polymeriza-
tions, usually catalyzed by the enzyme peroxidase, and,
together with microbially synthesized aromatic and other
reactive compounds, are considered an important source
of structural units for the formation of humic acid in
soils [9, 14, 19]. The biodegradation or mineralization of
lignins and humic acid is significantly slower than that
of other organic biopolymers present in the biosphere.
The resistance of these polymers to biodegradation under
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natural conditions is a result of the complex heteropoly-
meric structure of the polymers, the high percentage of
aromaticity and ether linkages in the polymer core, and
the fact that these polymers are water insoluble and diffi-
cult to wet. Nevertheless, the bio-/environmental degra-
dation of these polymers is attested to by the fact that
there is no long-term accumulation of these polymers
in the soil; i.e., there is an equilibrium concentration
characteristic of each soil ecosystem [19]. Moreover, the
slow turnover of these polymers serves an important
function by maintaining a high content of organic mat-
ter in the soil to modulate water holding capacity, metal
chelation, and related critical ecological functions.

Though it was long thought that only the white-rot
fungi and related litter-degrading basidiomycetes were
capable of extensively degrading lignin, biodegradation
studies with 14C-labeled lignins have shown that several
species of brown-rot fungi and a large number of bacteria
also are capable of degrading these materials [2, 8, 12].
Likewise, there exists a wide variety of soil microorgan-
isms capable of degrading the lower molecular weight
polyaromatics produced during the breakdown of lignin
[7] as well as catabolizing humic acid [19]. Thus, it is to
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be expected that a number of microorganisms capable of
degrading synthetic polyaromatics of commercial inter-
est exist in nature. Indeed, Haraguchi and Hatakeyama
[10] reported that a mixed population of soil microor-
ganisms was capable of biodegrading a series of lignin-
related model polystyrenes.

We have focused our studies on controlling enzyme-
based free-radical polymerization reactions in vitro to
explore the synthesis of new polyaromatic materials [1,
3-6, 11, 13, 17]. These reactions can be carried out with
a wide range of aromatic monomers including phenols,
modified phenols, aniline, and modified anilines. Com-
plex polymer products are generated that have been char-
acterized in detail for elemental composition; structure
by Fourier transform infrared (FTIR) spectroscopy, gel
permeation chromatography (GPC), and nuclear mag-
netic resonance (NMR); and thermal properties by ther-
mal gravimetric analysis (TGA) and differential scan-
ning calorimetry (DSC). The structures of the polymers
can be modulated based on the reaction conditions, as
well as the monomers and solvent mixtures used in the
reactions. The conjugated polymeric backbone gener-
ated by the enzymatic synthesis suggests applications for
these polymers as resins, electromagnetic shielding, pho-
toresists, and battery electrodes.

Because these polymers are generated by an enzy-
matic process, and based on analogies with the bio-
logical heteropolymers that they mimic most closely
(i.e., lignins and humic acid), it has been presumed
they should be biodegradable. To determine the valid-
ity of this assumption, the mineralization of a series of
peroxidase-catalyzed polyaromatic products was studied
in a controlled soil environment.

MATERIALS AND METHODS

Polymer Synthesis

The methods for synthesis of the polymers have
been described elsewhere [1, 4]. Briefly, two types of
reaction were used. In monophasic organic solvent reac-
tions, peroxidase (Type II, Sigma Chemical Co., St.
Louis, MO) was reacted with the monomer (p-phenyl
phenol or m-cresol) in dioxane with HEPES buffer, pH
7.5, at room temperature overnight. The polymers that
formed precipitates were subsequently washed exhaus-
tively to remove enzyme and any unreacted monomer.
In the second type of reaction, reversed micellar systems
were used to carry out the synthesis [4]. The peroxidase
was dissolved in buffer, as above, and this mixture was

added to isooctance containing a surfactant (AOT) with
stirring to form reversed micelles. The monomer, ethyl
phenol, was added to the system followed by hydrogen
peroxide to initiate polymerization.

Polymer Characterization

The three polymers were characterized by FTIR,
GPC, NMR, TGA, and DSC as described previously.
In addition, the polymers were assessed for solubility in
dimethylformamide (DMF), chloroform, acetone, alco-
hol, and water. Details of the chemical characterizations
have been reported elsewhere [4].

Biodegradation

Polymer mineralization (i.e., conversion of polymer-
C to CO2) was measured using a respirometric method
based on that described by Bartha and Pramer [21]. Pow-
dered samples totaling ca. 250 mg polymer-C (i.e., 295-
to 323-mg total weight) were buried in test reactors (250-
ml biometer flasks; Belco Glass Inc., Vineland, NJ) con-
taining 50 g (oven-dry weight) of a standard soil mix
(1:1:0.1, w/w/w, mix of potting soil, sand, and com-
posted manure, pH 7.1) maintained at 55-60% water-
holding capacity (WHC) and incubated in a controlled-
environment chamber at 30°C. Carbon dioxide produced
during the biodegradation process was trapped in 20 ml
of 0.50 M KOH added to the side-arm portion of the
biometer flasks. The CO2 traps were changed at 0.5- to
30-day intervals for a total of 202 days; at each sam-
pling period, a 4-ml aliquot of the KOH from each trap
was titrated with standardized 0.10 M HC1. Daily and
cumulative CO2 production (total and net) and percent-
age mineralization were calculated relative to a control
flask (soil without added polymer). Initially the poly-
mers were air-dried to a powder and used directly in
the biodegradation assays. Subsequently, polymers were
prepared by first removing residual entrapped solvent by
drying in a vacuum oven at 40°C for 48 h. The sam-
ples were then ground to pass a 100-mesh sieve but be
retained on a 270-mesh sieve (i.e., particle size, 53 to
150 um) before being incorporated into the soil.

Controls

Two lignins, a hydrolytic lignin and an alkali lignin,
and one humic acid sample (Sigma Chemical Co.) were
used as control materials in the biodegradation studies.
The hydrolytic lignin was from a commercial hydroly-
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Fig. 1. Inhibition of mineralization of the three enzymatically derived
polymers due to residual entrapped solvent.

All three of the enzyme-derived polyaromatics
exhibited some degree of biodegradation, and in gen-
eral, net mineralization of the polyaromatics increased in
the order poly(p-ethylphenol) = poly(m-cresol) « poly-
(p-phenylphenol). However, whereas there was essen-
tially no change in the cumulative net mineralization
of the poly(p-ethylphenol) and poly(m-cresol) after Day
6, mineralization of the poly(p-phenylphenol) contin-

sis pilot plant with sugar cane bagasse as the main input;
it had a carbon content of 63%, a methoxyl content of
9-11%, an Mn of 1700 and an Mw of 19,300. The alkali
lignin was a kraft lignin from a commercial pulp mill with
spruce as the main wood input; it had a carbon content of
49%, a thiol content of 2%, an Mn of 1750, and an Mw of
14,200. The humic acid sample had a carbon content of ca.
35% but was otherwise uncharacterized. In addition to the
polyaromatics, microcrystalline cellulose (Sigma Chemi-
cal Co.) and the bacterial polyester, poly-3-hydroxybu-
tyric acid (P3HB) (Monsanto—formerly Zeneca BioProd-
ucts; Billingham, UK; grade G044, batch 5100P, Mn ~
130,000) were included in the biodegradation study as
"positive controls," i.e., materials known to be readily
biodegradable in soil.

RESULTS AND DISCUSSION

Characteristics of the three synthetic polymers are
summarized in Table I. The molecular weights were in
the oligomer to low polymer range and all three poly-
mers were insoluble in water.

Data from the initial polymer biodegradation assay
revealed no evidence for mineralization and in some
cases produced negative net CO2 curves (Fig. 1),
prompting a more detailed look at the polymers and the
assay system. The results suggested that the observed
inhibition could have been caused by the presence of
residual solvent in the powders, which would have to be
removed prior to reinitiating the studies. In addition, the
original powders exhibited a fairly wide range of particle
sizes, which, due to the fact that biodegradation occurs
from the surface of the polymer in toward the center,
was believed to have contributed to the large standard
deviations observed in the initial assays (Fig. 1). Once
the residual solvent was removed from the polymers (by
drying in vacuo at 10 um Hg and 40°C for 48 h) and
the powders ground to a more uniform particle size, the
biodegradation assays were repeated. The results of these
assays are presented in Fig. 2.

Fig. 2. Mineralization of the three polymers in soil systems during a
202-day test exposure.

Table I. Characteristics of the Polyaromatics Studied for Biodegradation

Polymer

Molecular weight
Polydispersity
Tm

Solubility

Poly( p-phenylphenol )

3850
2.8

200°C
DMF, complete; CHCl3 & acetone,

partial; alcohol & water, insoluble

Poly(p-ethylphenol)

2000
1.4

125°C
DMF, CHCl3, acetone, soluble;

alcohol, partial; water, insoluble

Poly(m-cresol)

2433
2.6

150°C
DMF, complete; CHCl3, acetone,

alcohol, partial; water, insoluble
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ued throughout the soil test exposure. These results sug-
gest (i) that poly(p-ethylphenol) and poly(m-cresol) are
fairly recalcitrant and (ii) that these samples may have
been "contaminated" with small amounts of low molecu-
lar weight oligomers, which were more readily degraded.
On the other hand, after a lag period of about 10 days, dur-
ing which total CO2 production in the polymer amended
soils was less than that in the control soils, mineraliza-
tion of the poly(p-phenylphenol) proceeded slowly—with
a sustained rate of mineralization of ca. 2 mg CO2-C
day-1—for about 85 days. Though net CO2 evolution
from the polymer-amended soil continued to increase
after Day 96, there was no significant increase in percent-
age net mineralization after Day 120. Upon completion
of the test exposure, cumulative net mineralization of the
poly(p-phenylphenol) totaled 64 ± 5% (Table II). Cur-
rent FDA test protocols state that an organic compound
can be presumed "biodegradable" if more than 50% of its
carbon content is converted to CO2 during the test expo-
sure [20]. Thus, in accordance with this guideline, poly(p-
phenylphenol) is the only one of the synthetic polyaromat-
ics that can be considered biodegradable.

As expected, the data for the lignin and humic acid
controls (Fig. 3, Table II) indicate that these materials
are highly resistant to biodegradation. Indeed, the hydro-
lytic lignin exhibited essentially no net mineralization
during the soil test exposure; i.e., cumulative net CO2

evolution from the soil amended with hydrolytic lignin
amounted to less than 1.0% of the added lignin-C. The
alkali lignin and humic acid controls, on the other hand,
were very slowly mineralizable (FMAX = 0.4 mg CO2-C
day-1), and upon completion of the soil test exposure,

net CO2-C accounted for only about 20% of the added
polymer-C. The observed differences in mineralization
of the alkali and hydrolytic lignins presumably reflect
compositional differences in these compounds. Never-
theless, our results are consistent with those of Haider et
al. [9] and Martin et al. [16], who reported that lignins
were resistant to complete mineralization and that the
greatest conversion of lignin-C to CO2 occurred dur-
ing the earliest stages of decomposition. Likewise, given
that humic acid is perhaps the most formidable, naturally
occurring molecule that soil microbes are called upon to
degrade [19], it is not surprising that little mineralization
occurred during the 202-day soil test exposure.

Mineralization data for the synthetic and natural
polyaromatics can be put into context when consider-
ing the data obtained from polymers generally consid-

Fig. 3. Mineralization of control aromatic heteropolymers in the soil
degradation systems during a 202-day test exposure.

Table II. Aerobic Biodegradability of Natural and Synthetic Polyaromatics in Soil at 30°C and a Moisture Content of 60% WHC

Test materiala

Cellulose
Poly(3-hydroxybutyrate)
Lignin (alkali)
Lignin (hydrolytic)
Humic acids
Poly ( p-ethylphenol)
Poly(p-phenylphenol)
Poly(m-cresol)

Theoretical

251
250
250
251
250
254
254
256

CO2-C (mg)

Total

466.6
499.9
294.8
239.3
289.0
399.7
264.4
264.4

Net

229.2 a
242.5 a

57.4 c
1.9 d

51.7 c
12.5e cd

162.3 b
27.0e cd

rMAXb

(mg CO2-C
day-y

18.2 a
14.4 a
0.35 b
0.00 b
0.36 b
2.51 b
1.90b
4.69 b

Net mineralization

Theoretical (%)

91.4 ±4.5
97.0 ± 4.5
23.0 + 10.6
0.8 ± 7.8

20.6 ± 16.0
4.9 ± 9.0

64.0 ± 5.4
10.6 ± 5.0

RBIc,d

1.00 a
1.06 a
0.25 c
0.01 d
0.23 c
0.05 cd
0.70 b
0.12cd

aValues for cellulose and poly(3-hydroxybutyrate) were recorded on Day 55; all other values were recorded on Day 202.
bMaximum rate of CO2 production.
cRelative biodegradation index = net mineralization of the test polymer + net mineralization of the positive reference material (i.e., cellulose).
d Values followed by the same letter are not significantly different at the P < 0.05 level of probability (least-significant difference test).
eNet mineralization of the polymer had essentially ceased by Day 6 of the test exposure.
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ered to be readily biodegradable. For example, in the
same soil system, both cellulose and P3HB degraded at a
much more rapid rate and to a much greater extent than
any of the polyaromatics (Table II). Indeed, net min-
eralization of these positive controls reached the 50%
mark—the FDA-defined threshold for concluding that
an organic compound is "biodegradable"—in only 10
days. In comparison, poly(p-phenylphenol)—the only
polyaromatic (synthetic or natural) to achieve 50% net
mineralization during the soil test exposure—required
about 90 days to reach this benchmark. Results for
the positive controls reflect the fact that these biopoly-
mers are widespread throughout the environment, being
both produced and degraded by a wide range of soil
microorganisms. In addition, the microorganisms that
degrade these biopolymers derive sufficient energy and
carbon from their decomposition to support the synthe-
sis and maintenance of new cells. It is unlikely, how-
ever, that the energy yielded from biodegradation of the
polyaromatics is sufficient to support the growth and
development of new microbial biomass [19]. Indeed,
decomposition of these materials is most likely a result
of cometabolism, wherein the microorganisms involved
derive neither energy nor carbon from the polymer sub-
strate itself. Such processes are considerably more com-
plex and slower than direct catabolism, and as a conse-
quence, lignin and humic acids generally exhibit decom-
position times of the order of years to decades [18].
With this in mind, it is our conclusion that the enzyme-
derived, synthetic polyaromatics exhibit mineralization
kinetics that mimic those of naturally occurring lignins
and humic acids. This finding is to be expected, given
the similarities in structure of the enzymatically gener-
ated and naturally occurring heteropolymers, and sup-
ports our original hypothesis.

Though it was somewhat surprising that the poly-
(p-phenylphenol) degraded to the extent observed during
the soil test exposure (i.e., RBI = 0.70), the presence of
the phenyl side chain suggests similarities to lignins as
a possible explanation. On the other hand, the resistance
to biodegradation of poly(m-cresol) may reflect the fact
that m-cresol itself is a common constituent of the core
molecule of soil humic acids [15]. However, it is diffi-
cult to extend these observations without first obtaining a
more systematic structure/mineralization profile for the
enzyme-derived polyaromatics. A more systematic study
in which the side chains on the conjugated main chain
of these polymers are varied would be useful in elu-
cidating trends in mineralization kinetics. In particular,

varying side-chain size and chemistry would be useful in
correlating these structural features with similar features
found in naturally occurring lignins and humic acid.
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